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A B S T R A C T   

The molecular diversity of the source substrate has been regarded as a significant controller of the proportion of 
plant material that is either mineralized or incorporated into soil organic matter (SOM). However, quantitative 
parameters to express substrate molecular diversity remain elusive. In this research, we fractionated leaves, 
twigs, bark, and root tissues of 13C-enriched eucalypt seedlings into hot water extractables (HWE), total solvent 
(acetone) extractables (TSE), a cellulosic fraction (CF), and the acid unhydrolyzable residue (AUR). We used 13C 
NMR spectroscopy to obtain a molecular diversity index (MDI) based on the relative abundance of carbohydrate, 
protein, lignin, lipid, and carbonyl functional groups within the biochemical fractions. Subsequently, we ob-
tained artificial plant organs containing fixed proportions (25%) of their respective biochemical fractions to be 
incubated with soil material obtained from a Haplic Ferralsol for 200-days, under controlled temperature (25 ±
1 ◦C) and moisture adjusted to 70–80% of the soil water holding capacity. Our experimental design was a 
randomized complete block design, arranged according to a factorial scheme including 4 plant organs, 4 
biochemical fractions, and 3 blocks as replicates. During the incubation, we assessed the evolution of CO2 from 
the microcosms after 1, 2, 3, 4, 7, 10, 13, 21, 28, 38, 45, 70, 80, 92, 112, 148, 178 and 200 days from the start of 
the incubation. After the incubation, soil subsamples were submitted to a density fractionation to separate the 
light fraction of SOM (LFOM) i.e., with density <1.8 g cm− 3. The heavy fraction remaining was submitted to wet- 
sieving yielding the sand-sized SOM (SSOM) and the mineral-associated SOM (MAOM), with particle-size greater 
and smaller than 53 µm, respectively. We found that HWE and AUR exhibited comparatively higher MDIs than 
the TSE and CF. During the incubation, HWE and CF were the primary sources of 13C-CO2 from all plant organs 
and after 92 days, the respiration of the TSE of bark and roots increased. Otherwise, the AUR contributed the 
least for the release of 13C-CO2. There were no significant relationships between the MDI and the amount of 13C 
transferred into the LFOM or SSOM. Otherwise, the transfer of 13C into the MAOM increased as a linear-quadratic 
function of MDI, which in turn was negatively correlated with the total 13C-CO2 loss. Overall, the MDI exerted a 
stronger control on the 13C-labeled MAOM than on 13C-CO2 emissions, highlighting the need to improve our 
ability to distinguish and quantify direct plant inputs from those of microbial origin entering soil C pools.   

1. Introduction 

Over the last decades, the long-standing paradigm that the accu-
mulation of organic substrates that are rather resistant to decomposition 
drives the differentiation of soil organic matter (SOM) pools has been 
increasingly challenged (Grandy and Neff, 2008; Hall et al., 2020; 

Schmidt et al., 2011). Otherwise, it has been increasingly recognized 
that products of microbial anabolism have a significant role as building 
blocks controlling SOM formation (Cotrufo et al., 2013; Kopittke et al., 
2017; Liang et al., 2017). Moreover, it has been proposed that for sub-
strates showing high molecular diversity and multiple distinctive 
chemical bonds, their microbial respiration should require complex 
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enzymatic systems (Lehmann et al., 2020). In this context, it remains 
unclear whether high substrate molecular diversity would imply direct 
transfer of C from plant material into SOM (i.e., without or with little 
microbial intermediation) or simply high rates of CO2 release as mi-
crobes spend more energy to produce extracellular enzymes. Further-
more, owing to the relatively complex chemistry of plant material, 
quantitative parameters to express substrate molecular diversity remain 
elusive. Consequently, the connection between substrate molecular di-
versity and its fate in soils remains poorly constrained, i.e., microbial 
respiration or entry into SOM pools. 

Proximate analysis has long been used to isolate and quantify specific 
biochemical fractions of plant materials (Osono et al., 2008; Preston and 
Trofymow, 2000; Ryan et al., 1990; Sjöberg et al., 2004). Usually, the 
proximate analysis includes stepwise treatments of plant materials to 
isolate soluble materials either in water (e.g., polar substances) or 
organic solvents (e.g., non-polar substances), as well as structural 
components (e.g., cellulose, hemicellulose, and lignin) (Preston and 
Trofymow, 2015). As a result, the proximate analysis may help improve 
the inference of the fate of whole plant tissues in soil by characterizing 
their specific biochemical fractions (i.e., non-structural versus structural) 
(Cotrufo et al., 2015). Although the interest in evaluating the fate of 
specific biochemical fractions of plant material in soils has been 
increasing (Almeida et al., 2018; Cotrufo et al., 2022; Haddix et al., 
2016), these studies remain comparatively less frequent in the literature. 
Furthermore, owing to the inherently empirical nature of the proximate 
analysis, the fractions obtained from such procedures require detailed 
characterization (Kögel-Knabner and Rumpel, 2018; Preston et al., 
2009; Zech et al., 1987). Ideally, the characterization scheme for the 
specific biochemical fractions of plant material should go beyond the 
partition of their constituents into either non-structural or structural. 
Therefore, a stepwise fractionation of plant material and a detailed 
characterization of its biochemical fractions should improve our ability 
to determine their fate in soil. 

An assessment of the major functional groups within specific 
biochemical fractions obtained from plant material may be achieved by 
using solid-state 13C nuclear magnetic resonance (NMR) spectroscopy 
coupled to cross-polarization magic angle spinning (CP/MAS) (Kögel- 
Knabner and Rumpel, 2018; Preston and Trofymow, 2015). Typically, 
CP/MAS-NMR elucidates the relative abundance of C as alkyl C, N-alkyl/ 
methoxy C, O-alkyl C, aromatic C, and carbonylic C groups (Nelson and 
Baldock, 2005). Additionally, Nelson and Baldock (2005) have proposed 
a molecular mixing model (MMM) according to which NMR data can be 
used to estimate the nominal oxidation state of C (NOSC) as well as the 
contents of carbohydrate, protein, lipid, lignin, and carbonyl within a 
given organic material. Therefore, the data obtained by CP/MAS-NMR 
spectroscopy and the MMM could help determine to what extent the 
fate of C in soils, i.e., CO2 emissions or SOM buildup, can be impacted by 
the molecular diversity of biochemical fractions of plant material. 
Moreover, this is particularly relevant owing to the increasing interest to 
attribute the role of direct contribution of plant-derived C to SOM pools 
(Angst et al., 2021; Chen et al., 2022; Huang et al., 2020). 

In this study, we obtained hot water extractables (HWE), total sol-
vent extractables (TSE), a cellulosic fraction (CF), and the acid unhy-
drolyzable residue (AUR) from eucalypt plants submitted to 13C 
labeling. These fractions were thoroughly characterized using the NMR- 
MMM approach and the data obtained was used to calculate their mo-
lecular diversity index. Subsequently, we obtained artificial plant organs 
(leaves, twigs, bark, and roots) formed by 25% of each biochemical 
fraction to be incubated into soil material derived from a Haplic Fer-
ralsol. Our incubation lasted 200 days, during which we monitored the 
evolution of 13C-CO2 from the microcosms. After the incubation, SOM 
fractions were separated according to a density fractionation followed 
by a particle-size fractionation. Finally, we used correlation and 
regression analysis to determine the relationship between the molecular 
diversity index of the biochemical fractions and their fate in soil, i.e., 
mineralization to CO2 and/or entry into SOM pools. 

2. Methods 

2.1. Plant growth and isotopic labeling 

For this study, we grew clonal eucalypt seedlings (hybrids of Euca-
lyptus grandis × E. urophylla) in a growth chamber (448.0 dm3) under 
constant aeration. The seedlings were placed into polyethylene vessels 
(3.5 L capacity), and all nutrients were supplied via Clark nutrient so-
lutions (Clark, 1975). Seedlings were divided in two groups; one group 
was submitted to a pulse-labeling with 13C-CO2 (i.e., labeled group) and 
the other with 12C-CO2 (i.e., unlabeled group). This procedure was done 
to avoid potential differences caused by the enhanced CO2 concentration 
on the plant growth between the unlabeled and labeled groups. Briefly, 
the labeled group of plants was taken into a labeling chamber (16 weeks 
in total) and submitted to a 13C-CO2 enriched atmosphere obtained by 
dissolving Na2

13CO3 (99 atom%) into an H2SO4 solution (Machado et al., 
2011). Likewise, the unlabeled controls were submitted to the pulse- 
labeling with a non-isotopically enriched Na2CO3 (instead of the 
Na2

13CO3). 
After 16 weeks, the seedlings were harvested and separated into 

leaves, twigs, bark, and roots. All plant organs were dried to constant 
weight under a forced-draft oven at 60 ℃, ground into a Wiley mill 
(Thomas Model T4275.B05) and stored for chemical fractionation and 
subsequent analysis. Total C, N, and 13C content of the plant organs are 
given in Table 1. 

2.2. Isolation of the biochemical fractions from plant organs 

Subsamples of leaves, twigs, bark, and roots from the isotopically 
labeled and unlabeled plant material were chemically fractioned into 
four operationally defined “biochemical fractions”, namely: hot water 
extractables (HWE), total solvent (acetone) extractables (TSE), a cellu-
losic fraction (CF) and the acid unhydrolyzable residue (AUR). Both TSE 
and HWE were isolated according to the procedures described by Ryan 
et al. (1990), except that the TSE was isolated using acetone after the 
removal of the HWE. Briefly, 2.0 g of each milled plant organ (particle- 
size ≤ 0.425 mm) were extracted in Soxhlets with 150.0 mL of deionized 
water at 100 ℃ for 6 h to obtain the HWE. Likewise, 2.0 g of the residue 
obtained after the HWE extraction were extracted in the Soxhlets with 
150.0 mL of acetone at 56 ℃ for 6 h to obtain the TSE. After the 
extraction, HWE and TSE were freeze-dried and stored. Subsequently, 
the residue-free of extractives (HWE and TSE) was fractioned into either 
CF or AUR in separate procedures. Accordingly, the CF was obtained by 
treating 1.0 g of the residue with a mixture of ethanol and aqueous 
HNO3 (65%, v/v) at a ratio of 4:1 at 85 ℃ for 1 h. This procedure is 
referred to as the Kürschner-Hoffer method (Pettersen, 1984; Reid and 
Lynch, 1937). This extraction was repeated four times, and the residue 
generated was treated with an aqueous solution of KOH 25% (m/v) at 
100 ℃ for 1 h. We isolated the AUR fraction by treating 1.0 g of the 
residue-free extractives with 6 mL of aqueous H2SO4 (72%, v/v) at 30 ℃ 
in a water bath for 1 h. Subsequently, we added 140 mL of distilled 
water, and the temperature was raised to 100 ℃ and kept constant for 4 
h (Pettersen, 1984). Both CF and AUR were rinsed with ultra-pure water, 

Table 1 
Mean and standard error for total carbon, nitrogen, C:N ratio, and isotopic data 
expressed in δ13C-PDB and 13C-atom% of each plant organ (leaves, twigs, bark, 
and roots) of eucalypt seedlings.  

Plant Organ C, g kg¡1 N, g kg¡1 C: 
N 

δ13C-PDB 
13C-atom 
% 

Leaves 440.9 ± 3.9 18.3 ± 1.0 24 425.1 ± 10.9 1.6 ± 0.0 
Twigs 429.0 ±

10.4 
7.6 ± 0.5 56 359.6 ± 31.9 1.5 ± 0.0 

Bark 416.4 ± 1.7 5.2 ± 0.1 80 319.1 ± 16.7 1.4 ± 0.0 
Roots 435.6 ±

16.2 
10.4 ± 0.5 42 377.9 ± 35.1 1.5 ± 0.0  
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freeze-dried, and stored. Although obtaining only four biochemical 
fractions may not be sufficient to represent the actual chemistry of plant 
material, we stress that our approach was in line with other studies 
available in the literature (Fulton-Smith and Cotrufo, 2019; Preston and 
Trofymow, 2015; Soong et al., 2015). 

2.3. Characterization of the biochemical fractions 

Subsamples of the biochemical fractions (HWE, TSE, CF, and AUR) 
were analyzed in an isotope ratio mass spectrometer – IRMS (ANCA-GSL, 
20-20, Sercon, Crewe-UK) to determine their total contents of C, N, C:N 
ratios, and 13C enrichment (Table 2). Isotopic data were referenced to 
the V-PDB international standard and expressed in 13C-atom% notation. 
Subsequently, we used solid-state 13C cross-polarization magic angle 
spinning (CP/MAS) NMR spectroscopy (Bruker DSX 200 spectrometer, 
Bruker BioSpin GmbH) to determine the major functional groups within 
the biochemical fractions. Accordingly, the samples were filled into 
zirconium dioxide rotors, and the measurements were conducted at a 
rotation speed of 6.8 kHz, with a ’magic angle’ around 54.74◦, with the 
acquisition time of 0.01024 s and a delay time of 1.0 s. All spectra were 
integrated along seven chemical shift regions: 0–45 ppm (Alkyl C), 
45–60 ppm (N-Alkyl/Methoxyl C), 60–95 ppm (O-Alkyl C), 95–110 ppm 
(Di-O-Alkyl C), 110–145 ppm (Aromatic C), 145–165 ppm (Phenolic C) 
and 165–215 ppm (Amide/Carboxylic C). In combination with the total 
C and N contents of each sample analyzed (Table 2), our NMR data were 
used to estimate the relative abundance of carbohydrate, protein, lignin, 
lipid, and carbonyl using the molecular mixing model (Nelson and 
Baldock, 2005). We further refer to this method in this text as NMR- 
MMM. 

2.4. Quantitative parametrization of molecular diversity 

We used the relative abundance of the five chemical groups (car-
bohydrates, protein, lignin, lipids, and carbonyl) identified by the NMR- 
MMM approach (Nelson and Baldock, 2005) to obtain a molecular di-
versity index (MDI) for each biochemical fraction as follows 

MDI =
MCG
PCG  

in which MCG refers to the sum of the relative abundances of the four 
minor chemical groups, and PCG refers to the relative abundance of the 
predominant chemical group. For example, for a given biochemical 
fraction in which carbohydrates were predominant, the MDI was 
calculated by dividing the sum of the relative proportion of the 

remaining four minor chemical groups (i.e., protein, lignin, lipids, and 
carbonyl) by the relative proportion of carbohydrates. As a result, the 
calculated MDI would have been inversely proportional to the relative 
abundance of the main chemical group, i.e., carbohydrates. Thus, the 
overall molecular diversity would increase as the proportion of the four 
minor constituents increased relative to that of carbohydrates. 

2.5. Incubation experiment 

Our incubation experiment was set according to a randomized 
complete block design with three replicates and arranged according to a 
4 × 4 factorial scheme, i.e., four artificial plant organs (leaves, twigs, 
bark, and roots) and four biochemical fractions (HWE, TSE, CF, and 
AUR). These artificial plant organs included fixed proportions (i.e., 
25%) of each biochemical fraction (HWE, TSE, CF, and AUR) corrected 
for their C content. We opted for using these fixed proportions because 
our primary objective was to evaluate the mineralization and the 
incorporation of each biochemical fraction into SOM fractions. We 
recognize that following their fractionation, each biochemical fraction 
would not necessarily be mineralized in the soil at the same rate as if 
they were within the original tissue. This is because in many plant tis-
sues, materials such as cellulose may be part of structures physically 
associated with lignin or other resistant components (Kögel-Knabner, 
2002). Thus, our experimental set up would restrict comparisons be-
tween the behavior of natural and artificial plant organs. For the mixture 
of the biochemical fractions, only one of the four was isotopically 
labeled with 13C for a given artificial plant organ. For instance, for the 
artificial leaf material, the 13C-enriched leaf-HWE was mixed with the 
other three fractions (TSE, CF, and AUR) obtained from leaf tissues of 
unlabeled plants. The same strategy was used for the other biochemical 
fractions of leaves and the other artificial organs. This approach allowed 
us to determine to what extent the respiration of a specific biochemical 
fraction would be impacted by its inherent molecular properties in the 
presence of other biochemical fractions. All artificial plant organs were 
added to soil samples at 10.0 mg C g− 1 of soil. 

We incubated the artificial plant organs mixed into soil subsamples 
of the Ap horizon (0–20 cm depth) of a sandy-loam Haplic Ferralsol 
(IUSS Working Group WRB, 2015). The soil material was taken from an 
area within the Atlantic Forest biome at Paula Cândido, Minas Gerais, 
Brazil. At this location, the vegetation includes pastures of the genus 
Brachiaria also known as Urochloa, eucalypt plantations, as well as 
remnants of the original forest vegetation. For this study, soil material 
was collected at 4 points across the pastureland distanced about 1.0 km 
from one another. At each selected point, four samples were taken from 

Table 2 
Mean and standard error for total carbon, nitrogen, C:N ratio and isotopic data expressed in δ13C-PDB and 13C-atom% of each biochemical fraction (BF) extracted from 
leaves, twigs, bark, and root tissues of eucalypt plants.  

Plant organ BF C, g kg¡1 N, g kg¡1 C:N δ13C-PDB 
13C-atom% 

Leaves HWE 421.2 ± 10.3 4.2 ± 0.2 100 324.4 ± 22.6 1.5 ± 0.0 
TSE 694.4 ± 2.9 4.6 ± 0.6 152 504.4 ± 43.0 1.7 ± 0.0 
CF 427.7 ± 11.1 2.5 ± 1.0 173 501.9 ± 28.6 1.7 ± 0.0 
AUR 588.2 ± 4.0 41.6 ± 2.4 14 441.5 ± 36.3 1.6 ± 0.0 

Twigs HWE 397.8 ± 6.4 4.7 ± 0.3 85 319.0 ± 12.0 1.5 ± 0.0 
TSE 731.9 ± 3.6 3.1 ± 0.2 239 379.7 ± 6.2 1.5 ± 0.0 
CF 420.3 ± 3.3 0.3 ± 0.1 1401 361.6 ± 21.3 1.5 ± 0.0 
AUR 570.8 ± 5.5 22.4 ± 1.1 26 382.4 ± 7.8 1.5 ± 0.0 

Bark HWE 407.9 ± 3.7 2.6 ± 0.1 157 276.1 ± 1.7 1.4 ± 0.0 
TSE 737.5 ± 10.7 3.4 ± 0.3 217 334.1 ± 12.9 1.5 ± 0.0 
CF 408.6 ± 1.8 0.5 ± 0.1 817 368.0 ± 18.7 1.5 ± 0.0 
AUR 560.9 ± 6.8 18.3 ± 1.5 31 312.9 ± 10.9 1.5 ± 0.0 

Roots HWE 400.9 ± 2.6 5.6 ± 0.6 72 302.2 ± 26.9 1.4 ± 0.0 
TSE 738.9 ± 2.4 2.0 ± 0.1 369 373.9 ± 25.8 1.5 ± 0.0 
CF 406.3 ± 3.3 1.2 ± 0.0 339 326.9 ± 33.4 1.5 ± 0.0 
AUR 552.1 ± 3.0 16.0 ± 2.0 34 342.1 ± 32.2 1.5 ± 0.0 

HWE: hot water extractables; TSE: total solvent extractables; CF: cellulosic fraction; AUR: acid unhydrolyzable residue. 
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points oriented along the 4 cardinal axes (i.e., N, S, E, W) distanced 
about 100.0 m from the center. After collecting these samples at these 
four points, the soil material obtained was mixed to form a composite 
sample to make a sure a homogeneous soil material was used for the 
incubation. This soil had a pH (in H2O) of 5.7 and 4.6 (in KCl); P content 
was 3.60 mg dm− 3 soil; exchangeable K, Ca, and Mg contents were about 
0.22, 1.8, and 1.2 (cmolc dm− 3), respectively; Total sand, clay, and silt 
contents were 520, 310 and 170 g kg− 1 soil, respectively. Kaolinite was 
the predominant clay mineral (220 g kg− 1 soil); the original soil organic 
carbon content was 22.2 g kg− 1, and δ13C was − 16.0 ‰. Water holding 
capacity (WHC) was 0.2 g g− 1 soil, and during the incubation of the 
samples, their water content was kept at 70.0–80.0% of WHC. These 
samples remained incubated in a room under controlled temperature 25 
± 1 ◦C. 

For the incubation, we placed 20.0 g of the soil material (particle- 
size < 2.0 mm) in 0.57 L air-tight glass jars with lids containing a rubber 
septum, which allowed sampling of the headspace to monitor the evo-
lution of C-CO2. Throughout the incubation experiment, the first two 
assessments of soil respiration were made after 6 and 12 h from the 
beginning of the incubation. Additional assessments were made after 1, 
2, 3, 4, 7, 10, 13, 21, 28, 38, 45, 70, 80, 92, 112, 148, 178 and 200 days 
when the incubation was concluded. For each sampling, we collected an 
aliquot of 100-mL air from the jars’ headspace and analyzed the gas 
sample to determine 13C/12C-CO2 concentrations in a cavity ring-down 
spectrometer (CRDS, G2131-i, Picarro, Sunnyvale, CA). After each 
sampling, we vented the jars with ambient air, checked soil moisture 
content, and kept the experimental units closed until the subsequent 
assessment. This soil respiration data set were grouped into the 
following time intervals: 0–2; 2–10; 10–38; 38–92; 92–200 days, with 
each interval including four individual samplings. 

2.6. Density and particle-size fractionation of soil organic matter 

After the incubation, soil subsamples were taken from each replicate 
and submitted to physical fractionation in two steps. In the first step, we 
used a density fractionation to isolate the light fraction organic matter 
(LFOM), which was done by adding 5.0 g of air-dried soil subsamples 
into a beaker containing 25.0 mL of a sodium iodide (NaI) solution (1.80 
g cm− 3). These subsamples were fully dispersed under a sonication 
treatment (Heinemann Branson Sonifier 250), with the application of 
ultrasound at a rate equivalent to 240 J mL− 1. After the dispersion, we 
centrifuged the soil material and collected the floating LFOM using a 2.0 
µm pore nylon filter coupled to a vacuum system. The LFOM and the 
heavy fraction (>1.80 g cm− 3) were thoroughly rinsed with deionized 
water to remove the NaI. In the second step, the dispersed soil heavy 
fraction was wet-sieved in a 53-μm to yield the sand-sized organic 
matter (SSOM, particle size > 53 μm) as well as the organic matter 
within the clay and silt-sized particles, henceforth referred to as mineral 
associated organic matter (MAOM, particle < 53 μm). After concluding 
the physical fractionation, all samples were dried under forced air cir-
culation at 45 ◦C for seven days, weighed, and milled to achieve a 
particle size < 0.149 μm (100 mesh). All samples were analyzed using an 
IRMS as described above. 

2.7. Isotopic partitioning in CO2 and soil organic matter fractions 

The proportion of 13C-labeled substrates released as CO2 throughout 
the incubation or retained within SOM fractions was calculated as 
follows 

f =
(δtbf − δco)
(δbf − δco)

In which f is the proportion of C derived from a given biochemical 
fraction; δtbf is the δ13C of the sample (for both CO2 or SOM fractions) 
from the treatments receiving isotopically labeled biochemical fractions; 
δbf is the δ13C of each biochemical fraction used for the incubation, and 
δco is the δ13C of the control treatments without plant C addition (for 
both CO2 or SOM fractions). 

Based on the f values calculated above, we estimated the recovery 
rate (RR) of the C transferred into SOM fractions as follows 

RR =
f × Cc

Ci
× 100 

Cc is the total C mass within a given SOM fraction at the end of the 
incubation, and Ci is the total C mass added to the samples at the 
beginning of the experiment. Total C-CO2 loss was calculated as the 
difference between the initial C input and total C mass remaining in SOM 
fractions (LFOM, SSOM, and MAOM). 

2.8. Statistics 

Initially, we used a two-way analysis of variance (ANOVA) to 
determine the effect of the interaction between the plant organs and 
their biochemical fractions on the relative abundance of the chemical 
groups (i.e., contents of carbohydrates, lignin, protein, lipids, and 
carbonyl) and the chemical properties (NOSC, N:C, H:C, and O:C). In all 
tests run, this interaction was significant (data not shown). In the next 
step, we used one-way ANOVA to compare the relative abundance of the 
chemical groups and the chemical properties of a given biochemical 
fraction among the plant organs (Supplementary Tables S1 and S2). We 
verified the assumptions of normality (Shapiro-Wilk) and homogeneity 
of variance (Levene’s test) and used data transformation whenever 
necessary to meet these requirements. We also checked the distribution 
of residuals for each ANOVA. All means values were compared using 
Tukey’s test (p < 0.05). We also used correlation analysis to identify the 
relationship between the results obtained from the NMR-MMM, the 
respiration of the biochemical fractions for each sampling interval (0–2; 
2–10; 10–38; 38–92; 92–200 days), and the proportion of the C added 
retained within the LFOM, SSOM, and MAOM. The significance level for 
Pearson’s correlation coefficients was set at p < 0.05. We also used 
linear regressions to assess the relationship between substrate MDI and 
the partitioning of C derived from each biochemical fraction into SOM or 
CO2. For the regressions, we used the Shapiro-Wilk to verify normally 
and Spearman Rank Correlation to verify the homogeneity of variance. 
All statistical analyses were performed using Statistica STATSOFT 2013 
(Palo Alto, CA, USA), and Sigma Plot 11.0 (San Jose, CA, USA). 

3. Results 

3.1. Functional groups of the biochemical fractions and molecular 
diversity 

Our NMR-MMM data indicates that each biochemical fraction’s 
composition varied according to the plant organ source (Fig. 1). 
Generally, materials extracted within the HWE fraction were dominated 
by lignin (48.1–61.3%) and carbohydrates (31.0–42.8%), whereas pro-
tein (2.0–5.7%), carbonylic C (2.1–5.6%), and lipids (1.0–3.0%) were 
less abundant (Fig. 1a). Besides, the most evident difference observed for 
the HWE among organs was that roots contained more carbohydrates 
and less lignin (Fig. 1a; p < 0.05). Within the TSE, lipids (62.7–90.7%) 
and lignin (7.9–27.9%) were predominant, with minor proportions of 
proteins (0.9–2.2%) as shown in Fig. 1b. In this case, the TSE of roots 
contained more lignin and fewer lipids than the other organs (Fig. 1b; p 
< 0.05). 
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For the structural fractions, CF was predominantly composed of 
carbohydrates (86.3–89.6%) and lignin (7.4–9.5%), with a small pro-
portion of carbonylic C varying between 1.4 and 2.4% (Fig. 1c). 
Generally, the CF was the most homogeneous fraction among the plant 
organs (Fig. 1c), whereas the AUR fraction tended to be the most het-
erogeneous within and among plant organs (Fig. 1d). As expected, the 
AUR was dominated by lignin in twigs (65.9%), bark (64.0%), and roots 
(86.6%), whereas in leaves, lignin accounted for about 36.5% (Fig. 1d). 
In addition, the AUR of leaves also had substantial amounts of proteins 
(23.6%) and lipids (36.5%). The other organs’ AUR also contained 
proteins and lipids at varying amounts between 3.9–13.3% and 
10.1–17.6%, respectively. Only for roots, no lipids were detectable in 
their AUR using the NMR-MMM approach (Fig. 1b). Carbohydrates 
accounted for a minor proportion of the AUR, varying from 2.4 to 10.6% 
(Fig. 1d). 

We used the results obtained for the major chemical groups shown in 

Fig. 1 (carbohydrate, protein, lipids, lignin, and carbonyl) to obtain a 
molecular diversity index (MDI) based on the NMR-MMM (Fig. 2). Ac-
cording to our estimates, both TSE and CF showed comparatively low 
MDI values (varying from 0.10 up to 0.24), consistent with their pre-
dominant lipid and carbohydrate contents, respectively. In contrast, the 
HWE and AUR showed comparatively high MDI values (varying from 
0.52 up to 1.67), except for the AUR of roots, which MDI was 0.15 
(Fig. 2). Hence, there was a considerable difference in the MDI values 
obtained for the AUR of leaves and roots. On the other hand, the HWE 
fraction of roots showed the highest MDI (1.08), which values were 
comparable between leaves, twigs, and bark, varying between 0.63 and 
0.74 (Fig. 2). 

3.2. Properties of the biochemical fractions 

Based on the NMR-MMM approach, we also obtained information for 
NOSC, N:C, H:C, and O:C for all biochemical fractions (Fig. 3). In terms 
of NOSC, the CF showed the highest averaged values (–0.02), followed 
by HWE (–0.20) and AUR (–0.49), whereas the TSE showed the lowest 
averaged values (–1.27), as shown in Fig. 3a. Additionally, we observed 
significant differences in the NOSC values of TSE and AUR depending on 
the plant organ source. As such, TSE and AUR showed higher NOSC 
values in roots compared to other plant organs, whereas the TSE of twigs 
and bark and the AUR of leaves had the lowest NOSC values overall 
(Fig. 3a; p < 0.05). Furthermore, the constituents of the AUR had the 
highest N:C ratio, followed by HWE, TSE, and CF (Fig. 3b). For the HWE 
and AUR specifically, their N:C ratio was significantly affected by plant 
organs. Accordingly, the HWE of roots showed a higher N:C ratio than 
the other plant organs, whereas the highest N:C ratio in the AUR was 
observed for leaves and the lowest values occurred in roots (Fig. 3b; p <
0.05). Further, the H:C ratio was highest in TSE (1.83), intermediate in 
CF (1.61), and similar for HWE (1.36) and AUR (1.37) (Fig. 3b). Finally, 
the CF showed the highest O:C ratio (>0.75), and the lowest values 
occurred for the constituents of the TSE (about 0.25). For compounds 

Fig. 1. Relative abundance of the main organic groups (carbohydrate, protein, lignin lipid, and carbonyl) within the biochemical fractions extracted from leaves, 
twigs, bark, and roots of eucalypt plants as determined by NMR spectroscopy and the Molecular Mixing Model (Nelson and Baldock, 2005); a) hot water extractables; 
b) total solvent extractables; c) cellulosic fraction; d) acid unhydrolyzable residue. For a given organic group within each biochemical fraction, means followed by the 
same lowercase letter do not differ at p < 0.05 (Tukey’s test). 

Fig. 2. NMR-based molecular diversity index (MDIγ) of the hot water extract-
ables (HWE), total solvent extractables (TSE), cellulosic fraction (CF), and acid 
unhydrolyzable residue (AUR) obtained from leaves, twigs, bark, and roots of 
eucalypt plants; 
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Fig. 3. Chemical characteristics of the biochemical fractions extracted from leaves, twigs, bark, and roots of eucalypt plants as determined by NMR spectroscopy and 
the Molecular Mixing Model (Nelson and Baldock, 2005); a) Nominal oxidation state of carbon (NOSC); b) nitrogen to carbon ratio (N:C); c) hydrogen to carbon ratio 
(H:C); and d) oxygen to carbon ratio (O:C). HWE — hot water extractables, TSE — total solvent extractables, CF — cellulosic fraction, and AUR — acid unhy-
drolyzable residue. For a given biochemical fraction, means followed by the same lowercase letter do not differ at p < 0.05 (Tukey’s test). 

Fig. 4. Total C-CO2 was derived from each biochemical fraction (mg kg− 1 soil) for 200 days of the incubation experiment. Each plant organ (leaves, twigs, bark, and 
roots) refers to the combination of 25% of each biochemical fraction, namely, hot water extractables (HWE), total solvent extractables (TSE), cellulosic fraction (CF), 
and acid unhydrolyzable residue (AUR) obtained from leaves, twigs, bark, and roots of eucalypt plants. For each time interval, soil gas was sampled in 4 distinct 
samplings, with 3 replicates for each treatment. Each bar shows the sum of the averaged CO2 concentration for these samples. 
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within the HWE, their O:C ratios varied between 0.50 and 0.55 for all 
plant organs, whereas the O:C ratios of the AUR were about 0.28 for 
leaves and up to 0.45 for roots (Fig. 3b). 

3.3. Microbial respiration on each biochemical fraction 

During the first two days of the incubation experiment, soil micro-
organisms mineralized mostly the HWE fraction for all plant organs 
(Fig. 4). For the subsequent time interval (2–92 days), the contribution 
of HWE to total soil respiration either remained unchanged or was 
reduced. In contrast, the contribution of C-CO2 derived from the CF 
increased and became predominant (Fig. 4). After 92 days of incubation, 
the HWE and CF fractions remained the primary C source to soil de-
composers, except for bark and roots, for which the TSE became the 
predominant C-CO2 source over the last 108 days of incubation (Fig. 4b- 
c). The substrates added via AUR underwent much lower microbial 
respiration than other biochemical fractions (Fig. 4). 

3.4. Properties of the biochemical fractions and their respiration rates 

For the first four samplings (0.25–2 days), the release of C-CO2 from 
the biochemical fractions was only positively correlated with carbonylic 
C groups (Table 3; r = 0.7, p < 0.001). For the subsequent time interval 
(2–10 days), the positive correlation between carbonylic C and the 
respiration of the biochemical fractions remained significant (r = 0.64; 
p < 0.01) but not afterwards (Table 3). Bulk properties (C and N con-
tents) showed significant (p < 0.05) and negative correlations with the 
release of C-CO2 from the biochemical fractions for the interval of the 
incubation between 2 and 92 days. Simultaneously, the C:N ratio was 
positively correlated with the respiration of the biochemical fractions 
(Table 3; p < 0.05). The release of C-CO2 from the biochemical fractions 
also showed strong and positive correlations with variables obtained 
from the NMR-MMM approach. Among these variables, carbohydrates 
showed the highest correlations coefficients with the release of CO2 
(0.91, 0.94, and 0.80) for the time intervals between 2 and 10, 10–38, 
and 38–92 days, respectively (Table 3). Other variables showed less 
consistent correlations with the release of C-CO2 from the isotopically 
labeled substrates. For instance, NOSC showed strong and positive 
correlation with C-CO2 emissions only for the time intervals between 
2–10 (r = 0.71, p < 0.002) and 10–38 days (r = 0.62, p < 0.010) of the 
incubation (Table 3). Otherwise, lignin content was negatively 

correlated (r = –0.51 and –0.52, p < 0.05) with the respiration of the 
biochemical fractions for the time interval between 10–38 and 38–92 
days (Table 3; p < 0.05). Generally, none of the variables included in our 
analysis showed significant correlations with C-CO2 emissions from the 
biochemical fractions for the time interval between 112 and 200 days 
(Table 3). Considering the total C-CO2 loss (i.e., the difference between 
the initial C input and the amount of C remaining in SOM fractions), we 
observed significant correlations with all variables included in the 
analysis, except for H:C ratios (Table 3). 

Overall, the respiration rates of the biochemical fractions in the soil 
may be more representative of their chemical properties relative to their 
physical structure. This is mostly because the fractionation used mini-
mized the physical arrangement between the biochemical fractions 
within the natural plant materials. 

3.5. Transfer of C from the biochemical fractions into soil organic matter 
as a function of substrate molecular diversity 

For the first step of this analysis, we determined the proportions of 
the 13C-labeled biochemical fractions that were transferred into all SOM 
pools considered in our study (Table 4). Generally, the SSOM showed the 
lowest retention of C derived from all biochemical fractions added for 
the incubation. On average, this particle-size fraction retained about 
0.2% of the initial C input. In contrast, the transfer of 13C-labeled or-
ganics into the LFOM and the MAOM was much more relevant. Within 
the LFOM, there was higher retention of the initial C input added via TSE 
and AUR compared to the HWE or the CF (Table 4). Among the chemical 
groups identified by the MMM, lipids showed the strongest correlation 
with the retention of C within the LFOM (Table 5). Otherwise, there was 
a higher contribution of C derived from the HWE and AUR for the 
MAOM fraction. In this case, the retention of C was strongly correlated 
to protein and lignin contents (Table 5). 

In the second step, we used regressions to infer the relationship be-
tween substrate MDI and the proportion of the initial C input that was 
either retained in SOM fractions or lost as CO2 (Fig. 5). Accordingly, we 
found no significant relationships between the NMR-based MDI and the 
retention of C within the LFOM or the SSOM (Fig. 5a-b). In contrast, we 
observed a linear-quadratic increase in the retention of C derived from 
the biochemical fractions within the MAOM (Fig. 5c; p < 0.01). Other-
wise, the proportion of the initial C input lost via CO2 decreased as a 
linear function of the MDI (Fig. 5d; p < 0.05). Therefore, the MDI 

Table 3 
Pearson’s correlation coefficients (r) between selected properties of the biochemical fractions‡, their contribution to C–CO2 emissions for each time interval (0–2, 2–10, 
10–38, 38–92, and 92–200 days) of the incubation, and the total C-CO2 loss† expressed as a percentage (%) of the initial C input. Correlation coefficients significant at p 
< 0.05 are indicated in bold typing.  

Data source Time interval 0–2 days 2–10 days 10–38 days 38–92 days 92–200 days  Total C-CO2 loss†

Variable C-CO2, mg kg¡1 soil  % 
Bulk properties Carbon, g kg− 1 –0.46; p = 0.072 –0.75; p ¼ 0.001 –0.61; p ¼ 0.012 –0.51; p ¼ 0.043 0.31; p = 0.237  –0.54; p ¼ 0.000 

Nitrogen, g kg− 1 –0.19; p = 0.489 –0.53; p ¼ 0.035 –0.50; p = 0.050 –0.63; p ¼ 0.009 –0.38; p = 0.143  –0.72; p ¼ 0.000 
C:N ratio –0.26; p = 0.329 0.49; p = 0.053 0.54; p ¼ 0.033 0.72; p ¼ 0.002 0.05; p = 0.855  0.58; p ¼ 0.000 

NMR* NOSCφ 0.31; p = 0.248 0.71; p ¼ 0.002 0.62; p ¼ 0.010 0.46; p = 0.071 –0.43; p = 0.101  0.46; p ¼ 0.001 
N:C ratio –0.07; p = 0.791 –0.45; p = 0.078 –0.46; p = 0.072 –0.57; p ¼ 0.022 –0.34; p = 0.193  –0.65; p ¼ 0.000 
H:C ratio –0.48; p = 0.057 –0.07; p = 0.811 0.09; p = 0.728 0.19; p = 0.484 0.40; p = 0.130  0.17; p = 0.235 
O:C ratio 0.14; p = 0.594 0.90; p ¼ 0.000 0.88; p ¼ 0.000 0.74; p ¼ 0.001 –0.29; p = 0.282  0.74; p ¼ 0.000 
Carbohydrate, % 0.00; p = 0.999 0.91; p ¼ 0.000 0.94; p ¼ 0.000 0.80; p ¼ 0.000 –0.23; p = 0.386  0.79; p ¼ 0.000 
Protein, % –0.10; p = 0.708 –0.47; p = 0.068 –0.47; p = 0.070 –0.57; p ¼ 0.022 –0.34; p = 0.199  –0.65; p ¼ 0.000 
Lignin, % 0.45; p = 0.078 –0.35; p = 0.179 –0.51; p ¼ 0.043 –0.52; p ¼ 0.039 –0.23; p = 0.399  –0.49; p ¼ 0.000 
Lipid, % –0.35; p = 0.179 –0.57; p ¼ 0.021 –0.47; p = 0.068 –0.31; p = 0.236 0.45; p = 0.080  –0.31; p ¼ 0.031 
Carbonyl, % 0.79; p ¼ 0.000 0.64; p ¼ 0.008 0.41; p = 0.113 0.42; p = 0.105 –0.03; p = 0.916  0.51; p ¼ 0.000  
MDIγ 0.39; p = 0.134 –0.22; p = 0.411 –0.36; p = 0.167 –0.36; p = 0.169 –0.16; p = 0.565  –0.35; p ¼ 0.014  

‡ Hot-water extractables (HWE), total solvent extractables (TSE), cellulosic fraction (CF), and the acid unhydrolyzable residue (AUR) extracted from leaves, twigs, 
bark, and roots of eucalypt plants; 

† Calculated as the difference between the total initial C input and the amount of C retained with the soil organic matter fractions at the end of the incubation 
experiment. 

φ NOSC: Nominal oxidation state of carbon atoms; 
* Data obtained from nuclear magnetic resonance (NMR) spectroscopy and the Molecular Mixing Model (MMM); 
γ NMR-based molecular diversity index (MDI), see section 2.4 for further details. 
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provided a metric sensitive to the distinctive properties of the 
biochemical fractions and their fate in soil, either entering the MAOM 
pool or being mineralized to CO2. 

4. Discussion 

4.1. Fractionation of plant material and the molecular diversity of its 
biochemical fractions 

Due to the complex chemistry of plant material, its characterization 
has long been accomplished through stepwise extractions in proximate 
analysis (Preston et al., 1997; Ryan et al., 1990). Lately, there has been 
renewed interest in such procedures owing to the perceived relevance of 
improving our understanding of the relationship between chemical or 
physical properties of plant material and the formation of SOM (Cotrufo 
et al., 2022). Usually, proximate analysis is applied to characterize 
whole plant material before (or after) incubation experiments under 
field or laboratory conditions (Fulton-Smith and Cotrufo, 2019; Preston 
and Trofymow, 2015; Shay et al., 2018; Soong et al., 2015). In our study, 
the sequential procedure allowed us to extract polar and non-polar 
compounds (HWE and TSE, respectively) and the structural compo-
nents of plant material (i.e., CF and AUR). However, only categorizing 
the constituents of each biochemical fraction into either ’non-structural’ 
or ’structural’ materials would have limited our inference on their mo-
lecular diversity. 

Based on the NMR-MMM approach, carbohydrates were predomi-
nant within the cellulosic fraction and also relevant for the hot water 
extractables fraction (Fig. 1), suggesting the predominance of fibrillar 
crystalline cellulose as well as non-cellulosic polysaccharides (i.e., 
hemicelluloses) in the former (Kögel-Knabner, 2002) and non-structural 
carbohydrates in the latter (Landhäusser et al., 2018). Non-structural 
carbohydrates usually include monosaccharides, disaccharides, poly-
saccharides, and oligosaccharides (Quentin et al., 2015). In contrast to 
the predominance of carbohydrates within the cellulosic fraction (i.e., 
above 80%), the hot water extractables also had proportionally more 
lignin, varying from approximately 45 to 60% of the total (Fig. 1a,c). 
Possibly, the hot water treatment might have dissolved monolignols that 
are precursors of lignin (Frei, 2013), in line with previous findings 
showing a wide range of phenolic compounds within the water-soluble 
fraction of eucalypt tissues (Chapuis-Lardy et al., 2002; Santos et al., 
2011). Besides, it has been demonstrated that monolignol esters and 
several phenolic compounds are formed in the phenylpropanoid 
pathway that forms lignin (del Río et al., 2020). 

Lipids and lignin were also relevant for the total solvent extractables 
and the acid unhydrolyzable residue, with lipids predominating in the 
former and aromatics concentrated in the latter (Fig. 1c,d). As a result, 
the molecular diversity index of the AUR was comparatively higher than 
that of the TSE (Fig. 2). Possibly, the major sources of lipids of the total 

Table 4 
Average values (n = 3 replicates) for total C content and the C derived from the biochemical fractions (BF-C) extracted from leaves, twigs, bark, and roots of eucalypt 
plants within the light fraction organic matter (LFOM), particulate organic matter (POM), and mineral-associated organic matter (MAOM), as well as the respective 
recovery rate (RR†) for the BF-derived C retained within each fraction.  

Plant organ BCF Total LFOM C BF-derived C LFOM RR Total POM C BF-derived C POM RR Total MAOM C BF-derived C MAOM RR   

g kg− 1 soil % g kg− 1 soil % g kg− 1 soil % 
Leaves HWE 4.70 0.01 0.4 0.83 0.01 0.4  20.60  0.71  28.4 
Leaves TSE 4.61 1.16 46.3 0.53 0.00 0.1  20.33  0.26  10.3 
Leaves CF 5.24 0.03 1.2 0.61 0.00 0.2  21.77  0.28  11.3 
Leaves AUR 4.14 0.92 36.7 0.57 0.01 0.3  22.64  0.75  30.0 
Twigs HWE 3.27 0.06 2.3 0.48 0.01 0.3  20.56  0.70  28.1 
Twigs TSE 3.13 0.74 29.5 0.48 0.00 0.0  19.13  0.38  15.0 
Twigs CF 3.57 0.05 1.9 0.53 0.01 0.2  21.03  0.32  12.9 
Twigs AUR 2.91 0.76 30.4 0.52 0.00 0.1  22.36  0.85  33.9 
Bark HWE 2.55 0.00 0.0 0.66 0.01 0.2  23.02  0.86  34.6 
Bark TSE 2.93 0.50 20.0 0.86 0.01 0.2  23.86  0.67  26.8 
Bark CF 2.82 0.07 2.8 1.26 0.01 0.2  21.43  0.37  14.8 
Bark AUR 2.93 0.81 32.3 0.63 0.01 0.6  20.15  0.80  32.1 
Roots HWE 4.30 0.00 0.0 0.63 0.01 0.2  24.43  0.94  37.6 
Roots TSE 4.19 0.26 10.5 1.18 0.01 0.2  24.23  0.59  23.8 
Roots CF 3.94 0.02 2.1 0.75 0.01 0.6  23.13  0.55  21.9 
Roots AUR 3.27 0.89 35.8 0.79 0.02 1.0  21.62  0.66  26.4  

† Values expressed as a percentage of the initial C input. 

Table 5 
Pearson’s correlation coefficients (r) between the properties of the biochemical 
fractions (BF)‡ as inferred from their bulk properties (variables 1–3), nuclear 
magnetic resonance (NMR) spectroscopy, and the Molecular Mixing Model 
(MMM) (variables 4–13), and the proportions (%) of the initial C input that 
remained within the light fraction organic matter (LFOM), particulate organic 
matter (POM), and mineral-associated organic matter (MAOM). Significant 
correlation coefficients at P < 0.05 are indicated in bold typing.  

Variable C recovery 
LFOM, % 

C recovery 
POM, % 

C recovery 
MAOM, % 

1. Carbon, g kg¡1 0.68; p ¼ 0.000 − 0.09; p = 0.561 − 0.14; p = 0.355 
2. Nitrogen, g 

kg¡1 
0.58; p ¼ 0.000 0.08; p = 0.586 0.41; p ¼ 0.004 

3. C:N ratio ¡0.37; p ¼
0.010 

− 0.16; p = 0.279 ¡0.52; p ¼ 0.000 

4. NOSCφ ¡0.58; p ¼
0.000 

0.13; p = 0.386 0.11; p = 0.451 

5. N:C ratio 0.45; p ¼ 0.001 − 0.01; p = 0.970 0.50; p ¼ 0.000 
6. H:C ratio 0.13; p = 0.369 ¡0.29; p ¼

0.047 
¡0.60; p ¼ 0.000 

7. O:C ratio ¡0.70; p ¼
0.000 

0.01; p = 0.927 − 0.23; p = 0.122 

8. Carbohydrates ¡0.69; p ¼
0.000 

− 0.07; p = 0.643 ¡0.35; p ¼ 0.014 

9. Proteins 0.48; p ¼ 0.001 − 0.01; p = 0.928 0.47; p ¼ 0.001 
10. Lignin 0.17; p = 0.239 0.34; p ¼ 0.018 0.68; p ¼ 0.000 
11. Lipids 0.49; p ¼ 0.000 − 0.18; p = 0.209 − 0.24; p = 0.094 
12. Carbonyl ¡0.56; p ¼

0.000 
0.02; p = 0.905 − 0.02; p = 0.889 

13. MDIγ 0.08; p = 0.606 0.02; p = 0.908 0.59; p ¼ 0.000  

‡ Hot-water extractables (HWE), total solvent extractables (TSE), cellulosic 
fraction (CF), and the acid unhydrolyzable residue (AUR) extracted from leaves, 
twigs, bark, and roots of eucalypt plants; 

φ NOSC: Nominal oxidation state of carbon atoms; Variables 1–3 were deter-
mined by the results of bulk analysis of the biochemical fractions and variables 
4–12 were based on the molecular mixing model (MMM) used to estimate the 
contents of carbohydrates, protein, lignin, lipids, and carbonyl. 

γ NMR-based molecular diversity index (MDI); see section 2.4 for further 
details. 
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solvent extractables was cutin, whereas lignin and suberin should have 
been more relevant for the acid unhydrolyzable residue (Fich et al., 
2016; Graça, 2015; Serra and Geldner, 2022). Although cutin is pre-
dominantly formed by aliphatic C, suberin includes approximately 30% 
of aliphatic C and about 40–45% of phenolic C (Kolattukudy, 1981). 
Consistent with the relevance of suberin in roots structure (Harman- 
Ware et al., 2021), the acid unhydrolyzable residue of roots showed 
comparatively higher concentration of aromatic C than all aboveground 
tissues (Fig. 1d). Besides, the relatively high molecular diversity index of 
the AUR also reflected its relatively high protein content, especially in 
leaves (Fig. 1d). This is in line with the N:C ratio (Fig. 3b) and the N 
contents varying from 16.0 to 41.6 g kg− 1 depending on the plant organ 
for the acid unhydrolyzable residue fraction (Table 2). Clearly, these 
results show that the chemical composition of the AUR depends on the 
plant organ source, hence it would have been misleading to consider this 
fraction as a proxy for lignin. Similar findings have been reported for the 
tissues of seven species of temperate plants showing high N concentra-
tion within their AUR fraction (Preston and Trofymow, 2015). In fact, 
these authors observed that the acid unhydrolyzable residue had pro-
portionally more total N than total phenolics or condensed tannins. 
Hence, whenever plant tissues are fractionated into specific biochemical 
fractions, determining their molecular diversity should contribute to 
improve the inference on their fate in soils. 

Therefore, proximate analysis can be interesting to fractionate bulk 
plant material into specific biochemical fractions that may be tentatively 
grouped into ’non-structural’ or ’structural’ constituents. However, a 
simple designation of the hot water and the total solvent extractables as 

’non-structural’ as well as the cellulosic fraction and the acid unhy-
drolyzable residue as ’structural’ materials undoubtedly would have 
minimized the distinct chemical properties of their constituents as 
inferred from the NMR-MMM. Critically, this approach also provides 
solid parameters to express qualitative attributes into quantitative 
terms. 

4.2. Molecular diversity and the fate of the biochemical fractions in soil 

Specific aspects might contribute to linking the molecular properties 
of the biochemical fractions (i.e., MDI) and their partitioning into mi-
crobial respiration to CO2 or SOM pools, including: i) substrate solubility 
in water; ii) SOM formation via direct transfer (e.g., sorption) of C from 
the biochemical fractions versus or microbial-driven incorporation; iii) 
the microbial energy investment-return (i.e., energy input versus output) 
to metabolize each C source; and iv) the concentration of N-rich mate-
rials. Although these factors should exert joint effects on the fate of plant 
C in soil, some of them may be prevalent under specific constraints. 

Firstly, the water solubility of the constituents of the hot water ex-
tractables was certainly relevant for their microbial respiration, as 
outlined by the strong correlation between CO2 evolution and carbon-
ylic groups, particularly during the first assessments (Table 3; r = 0.79; 
p < 0.05). In contrast, the likely low solubility of the lipid-rich total 
solvent extractables fraction probably led to its accumulation within the 
light fraction organic matter (Table 4 and Table 5), despite showing a 
relatively low molecular diversity index (Fig. 2). Thus, the polarity of 
the organic compounds with carbonylic groups and their solubility in 

Fig. 5. Relationship between the NMR-based molecular diversity index and the partitioning (percent, %) of total C input into a) light fraction organic matter; b) sand- 
sized organic matter (SSOM), c) mineral-associated organic matter (MAOM), and d) total CO2 losses, calculated as the difference between the initial C input and the 
amount of C retained within SOM fractions. HWE: Hot water extractables (HWE), TSE: total solvent extractables (TSE), CF: cellulosic fraction (CF), and AUR: acid 
unhydrolyzable residue (AUR) extracted from leaves, twigs, bark, and roots of total eucalypt plants. There were no significant relationships between MDI and the 
transfer of C from the biochemical fractions into the SSOM or the LFOM pools. 
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water should have favored microbial assimilation of the hot water ex-
tractables and the entry of microbial (by)products into the mineral- 
associated organic matter (Cotrufo et al., 2015; Kleber et al., 2015). 
Yet, it is not possible to distinguish the contribution of microbial (by) 
products from direct transfers of soluble components into the mineral- 
associated organic matter. Given the significant contribution of the 
HWE for microbial respiration (Fig. 4) and the mineral-associated 
organic matter pool as well (Table 4), the high molecular diversity 
index of this biochemical fraction is consistent with the persistence of 
SOM as a result of functional complexity (Lehmann et al., 2020). Ac-
cording to this reasoning, simpler substrates are rapidly mineralized, 
whereas complex molecules accumulate in SOM pools. However, the 
fate of the hot water extractables in our study indicates that functional 
complexity may not be only a consequence of microbial substrate se-
lection, but also should reflect the formation of products of microbial 
anabolism. 

Generally, microbial respiration increased with decreasing molecu-
lar diversity index (Table 3; Fig. 5d), and the release of CO2 between the 
second and the 92nd day of the incubation indicates that microbes 
selected in favor of substrates probably yielding high energy return 
(Gunina and Kuzyakov, 2022). Indeed, high microbial respiration rates 
were strongly correlated with carbohydrate contents, high O:C ratios, 
and high NOSC values (Table 3; Fig. 3). This clearly points out to the fact 
that these plant residue foster a high substrate uptake and assimilation 
rates at a relatively low cost in energy investment (Gunina and Kuzya-
kov, 2022; Lehmann et al., 2020). Such high uptake was expected given 
the low MDI of the cellulosic fraction but inconsistent with the 
comparatively high molecular diversity index of the hot water extract-
ables (Fig. 2). Yet, between 28.1 and 37.6% of the C added via HWE 
remained within the mineral-associated organic matter, whereas these 
values varied between 11.3 and 21.9% for the cellulosic fraction 
(Table 4). Under the assumption that microbial-derived (by)products 
entered the mineral-associated organic matter in both treatments, the 
efficiency of conversion was probably much smaller for the cellulosic 
fraction than for the hot water extractables. 

Among the biochemical fractions studied, the acid unhydrolyzable 
residue included a mixture of aromatics, lipids, N-rich materials, and 
some carbohydrates, all of which combined to yield high MDI values 
(Fig. 1d; Fig. 2). Thus, more energy would have to be used to produce 
extracellular enzymes to break down these compounds (Almeida et al., 
2018; Malik et al., 2019; Ramin and Allison, 2019). Additionally, N-rich 
materials within the acid unhydrolyzable residue could have been used 
in microbial anabolism to a greater extent than catabolism (Kallenbach 
et al., 2016). This aspect aligns with weak or negative correlations be-
tween CO2 evolution and N:C ratios or protein contents (Table 3). 
Furthermore, the retention of N-rich compounds of the acid unhy-
drolyzable residue onto mineral surfaces could render these materials 
less susceptible to enzymatic attack (Jilling et al., 2018; Kleber et al., 
2007; Kopittke et al., 2017). Although it is difficult to pinpoint the 
specific processes involved, the relatively high molecular diversity of the 
AUR would be consistent with its fate in soil: relevant contributions for 
the light fraction organic matter and mineral-associated organic matter, 
and little contributions for CO2 emissions (Fig. 4; Table 4). This trend 
indicates that the microbial respiration of substrates showing high mo-
lecular diversity such as those within the AUR would be less energeti-
cally rewarding (Lehmann et al., 2020). Instead, such materials are more 
likely to accumulate in soil, through direct transfer into SOM pools or 
microbial anabolism. Generally, our data indicates that substrate mo-
lecular diversity may be more relevant to explain the entry of plant- 
derived materials into SOM pools than the release of CO2. 

Overall, despite the relevance of the molecular diversity index to 
predict the fate of the biochemical fractions in the soil in our study 
(Fig. 5), the most evident limitations of this index were that: i) it was not 
valuable to distinguish the respiration rates of the TSE obtained from 
distinct plant organs during the late stages of the incubation (Fig. 4), ii) 
both HWE and AUR had similar MDI, but contrasting respiration rates 

(Fig. 4); and iii) it was not relevant to explain the accumulation of C 
derived from the biochemical fractions within the sand-sized organic 
matter or the light fraction organic matter (Fig. 5). Thus, future studies 
are warranted to improve our comprehension of the relationship be-
tween substrate molecular diversity, its assimilation and respiration by 
microorganisms, as well as their entry into SOM pools. 

5. Conclusions 

Our results highlight the relevance of exploring quantitative ap-
proaches such as the NMR-MMM pairing to express substrate molecular 
diversity, which is overwhelmingly seen through qualitative lenses. 
Another critical issue is that the use of the NMR-MMM approach helps to 
constrain the chemical composition of biochemical fractions obtained 
from plant materials. This aspect was particularly relevant for the 
evaluation of the behavior of the acid unhydrolyzable residue fraction, 
which contribution to SOM was very significant. Importantly, the rele-
vant proportion of N-rich materials (e.g., proteins) within the acid 
unhydrolyzable residue certainly underlined its strong contribution to 
SOM, particularly the mineral-associated C pool. Furthermore, substrate 
molecular diversity may be more relevant to predict the entry of plant- 
derived materials into SOM pools than their release in the form of CO2. 
Therefore, quantitative parameters to express substrate molecular may 
be critical to quantify direct plant inputs from those of microbial origin 
entering soil C pools. This distinction should contribute to our ability to 
design specific strategies to maximize soil C storage while minimizing 
soil CO2 fluxes. 
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